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Label-free visualization of photosynthetic
microbial biofilms using mid-infrared
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The formation of photosynthetic microbial biofilms comprising multispecies biomolecules, such as extra-

cellular polymeric substances (EPSs), and microbial cells play pivotal roles in maintaining or stimulating

their biological functions. Although there are numerous studies on photosynthetic microbial biofilms, the

spatial distribution of EPS components that are vital for microbial biofilm formation, such as exopolysac-

charides and proteins, is not well understood. Visualization of photosynthetic microbial biofilms requires

label-free methods, because labelling EPSs results in structural changes or aggregation. Raman spec-

troscopy is useful for label-free visualization of biofilm constituents based on chemical contrast.

However, interference resulting from the bright autofluorescence of photosynthetic molecules and the

low detection efficiency of Raman scattering make visualization a challenge. Herein, we visualized photo-

synthetic microbial biofilms in a label-free manner using a super-resolution optical infrared absorption

imaging technique, called mid-infrared photothermal (MIP) microscopy. By leveraging the advantages of

MIP microscopy, such as its sub-micrometer spatial resolution, autofluorescence-free features, and high

detection sensitivity, the distribution of cyanobacteria and their extracellular polysaccharides in the biofilm

matrix were successfully visualized. This showed that cyanobacterial cells were aligned along acidic/sul-

fated polysaccharides in the extracellular environment. Furthermore, spectroscopic analyses elucidated

that during formation of biofilms, sulfated polysaccharides initially form linear structures followed by

entrapment of cyanobacterial cells. The present study provides the foundation for further studies on the

formation, structure, and biological functions of microbial biofilms.

Introduction

Generally, microorganisms live in biofilms consisting of extra-
cellular polymeric substances (EPSs), which provide a suitable
environment around the cell.1 Photosynthetic microorgan-
isms, eucaryotic algae, and cyanobacteria, also form biofilms.
The algal biofilms are also important for other species because

they provide habitation, nutrient sources, and even control of
the surrounding environment. Biological soil crusts (BSCs),
which occupy approximately 12% of the land surface in arid
and semi-arid regions, are biofilms formed with the EPSs of
filamentous cyanobacterial cells as a core, and prevent land
desertification.2 Transparent extracellular particles (TEPs),
which are distributed on the surface of the ocean, are biofilms
consisting of various microorganisms attached to EPSs pro-
duced by algae. They play a significant role in the carbon cycle
of the ocean and provide a habitat for marine microorgan-
isms.3 These EPSs mainly comprise exopolysaccharides of cya-
nobacteria or eukaryotic algae; additionally, it is assumed that
their distribution is based on their roles in the biofilm.
Proteins, nucleic acids, and lipids, which are components of
EPSs, are known to cooperate to provide physiological func-
tions such as mechanical stability and a three-dimensional
polymer structure. Therefore, to develop an understanding of
photosynthetic biofilms, it is important to assess the distribution
of individual components, particularly exopolysaccharides—the
primary constituents of EPSs. However, conventional methods
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for visualizing exopolysaccharides employ staining reagents,
such as Alcian blue, which significantly alter the structure of
the biofilms because of the interaction between the staining
reagents and polysaccharides. Therefore, a substantial
demand for a label-free method to visualize biochemical com-
ponents in biofilms exists in the field of microbiology.

Vibrational spectroscopies, such as Raman spectroscopy
and Fourier transform infrared (FTIR) spectroscopy, are
powerful label-free imaging approaches for visualizing the
chemical compositions in a sample. These techniques directly
measure the optical responses of molecules associated with
molecular vibrations (molecular fingerprints). Raman spec-
troscopy has been used for the chemical characterization of a
wide range of samples, including biofilms, cells, and
polymers4,5 because its spatial resolution, which is at the sub-
micrometer level, is high enough to resolve structures such as
bacteria and organelles within cells. However, the autofluores-
cence signal of photosynthetic bacteria, such as cyanobac-
teria, and extracellular polysaccharides produced by the bac-
teria overwhelms the relatively weak Raman signal. The wave-
length of the excitation light for Raman spectroscopy, which
excites electronic transitions in photosynthetic molecules and
autofluorescence, typically ranges from 488 to 660 nm.
Because of this range, it is difficult to measure Raman signals
from photosynthetic molecules using conventional Raman
microscopy. Although the use of longer excitation wavelengths
(785 or 1065 nm) for Raman measurements could prevent the
effect of autofluorescence, the scattering efficiency in the
near-infrared wavelength region is low. Therefore, high-resolu-
tion Raman imaging consumes time, e.g. it takes 25 h for
acquiring a 300 × 300 pixelated hyperspectral image with 1.0 s
exposure time. This results in a reduction of the measurement
area or pixel resolution during Raman imaging of biofilms. In
addition, a higher incident laser power is required to obtain
clear Raman spectra because Raman scattering has a weak
optical effect; this is usually accompanied by photodamage of
the sample. This provides a case for photosynthetic bacteria
and their biofilms, because they are fragile and photosensi-
tive. In contrast, FTIR spectroscopy is an autofluorescence-
free and non-destructive analytical technique that employs
mid-IR light, which has low photon energies and does
not excite the fluorescence of photosynthetic molecules.
Hence, it has been extensively used for the chemical charac-
terization of photosynthetic molecules and bacterial extra-
cellular polysaccharides.6,7 However, the spatial resolution of
FTIR spectroscopy is limited to several micrometers or more
because of the diffraction limit of mid-IR light, which is not
high enough to resolve single bacteria and their biofilm struc-
tures. Although AFM-based nanoscale vibrational imaging
techniques are useful to study photosynthetic molecules,8–11

these techniques have a limited field-of-view, typically in a few
to ten micrometers scale and require mechanical contact
between a metallic tip and a sample. They also require a long
acquisition time for imaging while the sample can be
mechanically damaged by the tip when high-speed imaging is
performed.

Herein, we present all-optical super-resolution mid-IR
imaging of photosynthetic bacterial biofilms by means of mid-
infrared photothermal (MIP) microscopy. MIP microscopy
leverages both continuous visible and pulsed-IR beams, and
monitors scattering signal in the visible region to measure
photothermal responses of a sample originating from IR
absorption. When the modulated pulsed mid-IR light is
absorbed by a sample, local sample heating and expansion,
known as the photothermal effect, occurs. The intensity of
visible scattering or reflection modulated by the photothermal
effect is detected to measure IR absorption of the sample.
Since the spatial resolution of this technique can be deter-
mined by the wavelength of the continuous visible beam, MIP
microscopy achieves both the sub-micrometer spatial resolu-
tion beyond the diffraction limit of mid-IR light and the high
chemical specificity based on IR absorption.12–16 Owing to its
super-resolution label-free imaging capability, MIP microscopy
has shown versatile applications in life science including
microbiology13,17,18 and material science.12,19 MIP microscopy
also prevents the autofluorescence signals of photosynthetic
bacteria from affecting vibrational imaging, which aids in the
visualization of the extracellular polysaccharides of photosyn-
thetic bacteria without signal deterioration. Moreover, MIP
microscopy offers multi-modal optical imaging, in which both
vibrational and autofluorescence imaging of the same sample
can be performed. To our knowledge, the visualization of bio-
films and bacterial cells using MIP has not been previously
reported. In this work, the distribution of cyanobacteria and
their extracellular polysaccharides in a biofilm matrix was suc-
cessfully visualized in a label-free manner using multi-modal
optical imaging. The formation of the cyanobacterial biofilms
was investigated without inhibitions due to staining or label-
ing, and it was evidenced that cyanobacterial cells were distrib-
uted along acidic/sulfated polysaccharides in extracellular
environment. Furthermore, our observation found the areas,
where cyanobacterial cells were not accompanied with sulfated
polysaccharides, which supports hypothesis that sulfated poly-
saccharides initially form the line structures followed by trap-
ping cyanobacterial cells with EPSs. MIP microscopy also
enabled large-area and high-resolution observations of biofilm
components without causing photodamage to the samples.
This study paves the way for a better understanding of the for-
mation, structure, and functions of photosynthetic biofilms.

Experimental section
Sample preparation

Preparation of the biofilm samples followed the procedure
described by Maeda et al.20 The motile substrain PCC-P of the
unicellular cyanobacterium Synechocystis sp. PCC 6803 (here
after S.6803), which exhibits phototaxis21 and forms bloom-
like aggregates, were cultured in 50 mL of BG11 liquid
medium22 under continuous illumination of fluorescent
lamps from outside (30 µmol photons m−2 s−1) with bubbling
of 2% CO2 in air at 31 °C, or on 1.5% agar plates. Cell density
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was monitored at 730 nm. Before the biofilm formation experi-
ment, cells were precultured once in liquid after transfer from
plates. In the first step, cells inoculated at OD730 = 0.2 were
grown with vigorous aeration at 31 °C for 48 h. In the second
step, the culture was shifted to the standing condition without
bubbling under the same continuous light for another 48 h for
cells to rise to the surface and form bloom-like viscous
biofilm. The xanthan gum (SIGMA, G1253) was used as a
control of non-sulfated acidic polysaccharides. The sulfated
polysaccharide produced by S.6803, synechan, was purified by
the protocol in the previous work20 and used as a positive
control. The samples for both the MIP and FTIR measure-
ments were casted onto a transparent CaF2 substrate.

Fluorescent polymer beads with a diameter of 500 nm were
purchased from Polysciences (Fluoresbrite, 529/547). The fluo-
rescent beads were casted on a transparent CaF2 substrate for
measurements.

Optical setup of MIP microscopy

Fig. 1(a) shows the optical setup for multi-modal optical
imaging. Our MIP imaging configuration employs a counter-
propagation scheme for both mid-IR and visible light sources
because the refractive objective lens with high numerical aper-
ture (NA) can be used for visible light. This scheme affords

both the high detection sensitivity of MIP signal and the high
spatial resolution to visualize bacteria and their biofilms. A
wavenumber-tunable quantum cascade laser (QCL, Daylight
Solutions, MIRcat-QT-2100) ranging in wavenumber from 1000
to 1690 cm−1 was used as a pulsed mid-IR pump light source
for MIP measurements. The power of the IR laser was set to
less than 0.8 mW for all measurements to avoid photodamage.
The operated repetition rate of the QCL was set to 80 kHz and
a pulse width was set to 500 ns. A Ge window reflects 10% of
the IR beam in the optical path guiding to monitor the power
spectrum of the QCL by a mercury cadmium telluride (MCT)
detector (Thorlabs, PDAVJ10). The IR beam was focused on the
sample by a reflective objective (Thorlabs, 40×/NA 0.5). A con-
tinuous-wave (CW) visible laser with a wavelength of 532 nm
(ELFORLIGHT, G4-200) was used for both MIP and autofluor-
escence imaging and the power density of the visible beam
was less than 1.4 × 102 kW cm−2. The visible beam was guided
to a high-NA water immersion objective (Olympus, 60×/NA 1.2)
using a beam splitter (reflection : transmission = 10 : 90). The
back-scattered beam was collected using the same objective.
After passing through a pinhole with a diameter of 50 μm, the
beam was split in two using a dichroic mirror: one beam con-
taining a visible scattering signal was sent to an avalanche
photodetector (APD, Thorlabs, APD430A2/M) to extract the
photothermal responses of the samples, and the other beam
originating from autofluorescence was detected using a photo-
multiplier tube (PMT, Thorlabs, PMT1002). The signal detected
by the APD was sent to a lock-in amplifier (Zurich Instrument,
MFLI) for the phase-sensitive detection, which was demodu-
lated at the same frequency of the QCL repetition rate.
Fluorescence and MIP images of fluorescent polymer beads
with a diameter of 500 nm are shown in Fig. 1(b) and (c),
respectively. The MIP image was constructed using the MIP
signal intensity at 1494 cm−1, which corresponds to the aro-
matic vibrational mode of polystyrene. The contrast of fluo-
rescence and MIP signals with sub-micrometer spatial resolu-
tion, which was beyond the diffraction limit of IR light, showed
that the design enabled the visualization of polystyrene beads.

For reference measurements, the IR absorption spectra of
the samples were measured using a commercially available
FTIR spectrometer in transmission mode (JASCO Corporation,
FTIR-6800). The FTIR spectra ranged between 1000 and
3000 cm−1 with a spectral resolution of 2 cm−1. The reference
FTIR spectra of the cyanobacterial cells and exopolysacchar-
ides were measured to characterize the IR vibrational signa-
tures of the biofilm components.

Results and discussion

The target polysaccharides of this study are the sulfated poly-
saccharides, which are acidic polysaccharides modified by
sulfate residue. In nature, various sulfated polysaccharides are
distributed specifically in eukaryotic algae and cyanobacteria
among microorganisms and found in their biofilms.23,24 In
other words, sulfated polysaccharides are one of the important

Fig. 1 (a) Schematic of the MIP microscopy setup. QCL: quantum
cascade laser, MCT: mercury cadmium telluride detector, BS: beam
splitter, APD: avalanche photodiode, PMT: photomultiplier. (b and c)
Multi-modal fluorescence and MIP (at 1494 cm−1) images of fluorescent
polymer beads with a diameter of 500 nm.
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targets for photosynthetic biofilm research. A recent study
showed that one model cyanobacterium, S. 6803, produces a
novel sulfated polysaccharide, synechan, extracellularly and
uses it to form a viscous biofilm like a bloom.20 This biofilm
was selected for observation because it can be easily repro-
duced under laboratory conditions.

First, reference FTIR spectra of cyanobacterial cells and exo-
polysaccharides were measured to characterize IR vibrational
signatures of biofilm components. Fig. 2(a) shows FTIR
spectra of the biofilm sample compose of cyanobacteria and
all biofilm components, synechan, and xanthan as the
example of non-sulfated acidic polysaccharides, shown by the
black, red, and light blue colored spectra, respectively. In the
spectrum of synechan, the characteristic vibrational mode of
carboxyl group at 1643 cm−1 and the SO2 stretching mode at
1250 cm−1 deriving from sulfated polysaccharides were
observed.25 On the other hand, the identical vibrational mode
of the sulfated group was not observed in the spectrum of
xanthan because of the absence of sulfated polysaccharides.
The peaks emerging from 1350 to 1450 cm−1 in all spectra
were assigned as vibrational modes of CH2 and COO− groups,
respectively. Distinct peaks were observed in the MIP spectrum
of the biofilm; for example, the amide I and II bands at 1640
and 1550 cm−1, respectively, the amide III band conjugated
with the SO2 stretching mode at approximately 1200 cm−1, the
PO4− stretching mode, and the vibrational mode of skeletal

glucan at approximately 1050 cm−1. Because the FTIR spec-
trum of a biofilm reflects the vibrational signatures of all
biofilm components, such as cyanobacteria, EPSs, and pro-
teins, it is difficult to distinguish their characteristics. In order
to identify vibrational signatures of cyanobacterial cells and
sulfated exopolysaccharides, IR absorption of a single cyano-
bacterial cell and synechan were recorded by MIP microscopy,
which has the high spatial resolution enough to measure a
single bacterium. Fig. 2(b) shows MIP spectra of a single cya-
nobacterial cell and the synechan sample. Distinct MIP signal
of the sulfated group at 1250 cm−1 could be obtained only
from sulfated exopolysaccharides while the amide III band
from proteins in cyanobacteria was weak but detectable in our
MIP system. Hence, the SO2 stretching mode at 1250 cm−1

could be the marker band for sulfated exopolysaccharides. The
slight variation between the FTIR and MIP spectra of synechan
and cyanobacteria/biofilms could be due to the difference in
molecular components within the detection volume of each
technique and measurement principle or indicate variation of
molecular state, namely exopolysaccharides and cyanobacteria
were interacted with biofilm components in the biofilm matrix
and vibrational energy might be perturbed.26,27 In synechan,
its predominant constituent consists of sulfated polysacchar-
ides, although contamination of trace amounts of protein and
dye is possible due to the purification process. The MIP spec-
trum of synechan exhibits notably sharp peaks, in contrast to
the relatively broad peaks observed in the FTIR spectrum. This
discrepancy might arise from the fact that FTIR spectra show
assemble information on all molecular components in syne-
chan while MIP spectra show relatively local chemical infor-
mation of samples. We would like to emphasize here that such
vibrational signatures of cyanobacteria and synechan cannot
be analyzed by conventional Raman spectroscopy measure-
ments because of bright autofluorescence signal as shown in
Fig. S1 in ESI.†

Next, we performed multi-modal optical imaging of cyano-
bacterial biofilms. Fig. 3(a) displays an optical image of bio-
films casted on the CaF2 substrate. The optical image shows
entire biofilm structures without chemical specificity, so that
biofilm components could not be identified. Fig. 3(b) shows
an overlaid image of autofluorescence intensity (green) and
MIP signal intensity images at 1250 cm−1 (red) in the corres-
ponding area. Because photosynthetic pigments, such as
chlorophyll, in cyanobacteria yield bright fluorescence signals,
the autofluorescence image specifically represents the distri-
bution of cyanobacterial cells. The MIP image was constructed
by the MIP signal intensity at 1250 cm−1, corresponding to the
sulfated group to visualize sulfated exopolysaccharides. The
line structures were visualized in Fig. 3(b), which indeed
uncovers that the structures were formed by sulfated exopoly-
saccharides. The distribution of the molecular components of
the biofilm matrix was further clarified in the bright-field
image of the biofilm superimposed with the multi-modal
optical imaging result as shown in Fig. 3(c). Notably, multi-
modal optical imaging showed that most cyanobacterial cells
were distributed along the line structures of the sulphated exo-

Fig. 2 (a) FTIR spectra of biofilms, sulfated exopolysaccharides, and
non-sulfated exopolysaccharides in black, red, and light-blue lines,
respectively. (b) MIP spectra of a single cyanobacterial cell and
synechan.
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polysaccharides or in their vicinity. It is well known that acidic
exopolysaccharides usually form line shape structures
accompanied with cyanobacterial cells at macroscopic scale,
but they were not observed in sub-micron scale.28 For example,
in S.6803 under laboratory conditions, it was speculated that
cyanobacterial cells and bubbles are first trapped in linearly
distributed synechan chains and then rise to the surface due
to the buoyancy of the bubbles to form bloom-like aggregates
at the liquid surface.20 However, it was difficult to observe the
original positional relationship between polysaccharides and
the cells with microscale observations using basic dyes, such
as Alcian blue, because the acidic polysaccharides were firmly
aggregated by the staining agents. These results support the
hypothesis that cyanobacterial cells are distributed along the
extracellular acidic polysaccharides, even at the microscale
level. Because the distribution is extracellular polysaccharide-
dependent in the early stages of biofilm formation, the
changes in the polysaccharide structure due to thixotropy or
salinity changes may stimulate biofilm formation.

Fig. 3(d) shows comparison of typical MIP spectra recorded
from the line structures of sulfated exopolysaccharides and a
single cyanobacteria. Not only distinct peaks from sulfated exo-
polysaccharides but also weak amide II bands around
1550 cm−1 were also observed in the MIP spectra of sulfated
exopolysaccharides. This suggested that the sulfated exopoly-
saccharides were associated with proteins. It has been shown
that protein components in the biofilm matrix interacted with
exopolysaccharides, which could lead to the formation of
bundles in biofilms.29 Fig. S2(a) in ESI† shows the MIP image

at 1550 cm−1, which corresponds to the amide II band. The
contrast in Fig. S2(a)† is similar, but slightly varied compared
with the MIP image at 1250 cm−1 because it predominantly
reflects on the protein distribution. It is necessary to indicate
that the chemical contrast in the MIP images displayed here
should originate from vibrational signatures of biofilm com-
ponents as the MIP image of the biofilms at 1180 cm−1 (see
Fig. S2(b) in ESI†), which is off-resonant IR wavenumber of
biofilm components, hardly showed any contrast. These
insights into the molecular distributions in cyanobacterial bio-
films were revealed because of the multi-modal imaging capa-
bility that was based on autofluorescence and the IR absorp-
tion of molecules. It should be noted that the slight difference
of MIP spectra of cyanobacteria depicted in Fig. 2(b) and 3(d)
is ascribed to variances of the sample conditions. The former
shows the MIP spectrum of cyanobacterial cells isolated from
biofilms, manifesting vibrational signatures of pure cyanobac-
teria while the latter shows the MIP spectra of a single cyano-
bacterial cell in the biofilm matrix. Consequently, extracellular
substances within biofilms, such as sulfated exopolysacchar-
ides and proteins, may interact with cyanobacteria and slightly
contribute vibrational signatures. We further sought to find
the area, where the distribution of sulfated exopolysaccharides
and cyanobacterial cells varies. Fig. 4(a) shows an overlaid
image of autofluorescence intensity (green) and MIP intensity
images at 1250 cm−1 (red) in the biofilm sample. Fig. 4(b) dis-
plays the bright-field image of the corresponding area of the
biofilm superimposed with the multi-modal optical imaging
result. In this area, the sulfated exopolysaccharides form the
line structures accompanied with several cyanobacterial cells
while some cyanobacterial cells were not associated with the
line structures in some area. The distribution of cyanobacterial
cells apart from the sulfated exopolysaccharides suggests that
the line structures of sulfated exopolysaccharides were self-
formed. These cells were then surrounded by molecular inter-
actions with sulfated exopolysaccharides. The label-free obser-
vation of biofilms at sub-micrometer scale allowed to gain
spectroscopic evidence of formation of photosynthetic bac-
terial biofilms. Fig. 4(c) shows the intensity line-profile of the
MIP image at 1250 cm−1 along the white dotted line in
Fig. 4(a). According to the gaussian-fitted intensity profile in
Fig. 4(c), the full-width half at maximum (FWHM) of the
profile was estimated to be 503 nm, thereby we demonstrated
that biofilm components can be visualized in our MIP system
with at least the spatial resolution of 500 nm, which cannot be
achieved by conventional FTIR imaging systems. The demon-
strated performance of our MIP imaging and the fundamental
performance of other vibrational imaging techniques were
summarized in Table S1 in ESI.† Owing to its nonlinear signal-
generating mechanism, MIP microscopy has three-dimen-
sional sectioning capabilities that provide an advantage over
conventional IR imaging techniques (linear IR absorption)
when imaging microbial species and their biofilms.30 Hence,
volumetric structures of biofilms formed in three dimensions,
such as algal and cyanobacterial colonies, can be observed
using MIP microscopy. Internal molecular structures of rela-

Fig. 3 MIP and autofluorescence imaging of biofilms: (a) bright-field
image of a biofilm sample (b) overlaid image of the MIP signal intensity
at 1250 cm−1 (red) and the autofluorescence intensity (green) in the
corresponding area. The total imaging time of MIP imaging was less
than 10 minutes. (c) Merger of the bright-field, MIP, and autofluores-
cence images. (d) MIP spectra of sulfated exopolysaccharides and a
single bacterial cell in the biofilm matrix.
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tively large microorganisms spanning from 10 to 100 µm in
size can also be observed, expanding the use of MIP imaging
for microbiological applications.24 Because AFM-based nano-
scale IR imaging is a surface sensitive technique that cannot
resolve structures in three dimensions, the significance of the
visualization of biofilms by MIP imaging is emphasized. In
addition, the combination of wide-field imaging techniques
with MIP microscopy achieved real-time MIP imaging as Bai
et al., demonstrated.31 This would be profitable for visualizing
the growth of biofilms in real-time based on the chemical con-
trast of molecules revealing the roles of each molecule in
biofilm formation. Therefore, the visualization of biofilm com-
ponents by MIP imaging in this study can be used to under-
stand the fundamentals of biofilm formation and their bio-
logical functions.

Apart from the capability of MIP microscopy for label-free
visualization of the distribution of biofilm components, we
would like to emphasize here that MIP microscopy is a non-
destructive analytical approach. Because photosynthetic bac-
teria (for example, cyanobacteria) are photosensitive, a low
power density of incident light is required to better understand
their biological functions in a non-destructive manner.32 The
high power density (more than 1.0 × 104 kW cm−1) of incident
light used for typical Raman spectroscopy measurement gener-
ally results in photodamage of samples and degradation of
Raman spectra are seen.33 Although the visible incident beam
was also employed in MIP and autofluorescence imaging, the
power density of the incident beam was 2 orders lower than
the case for Raman imaging. Fig. S3 in ESI† shows the MIP
spectra of the same cyanobacterial cell continuously recorded
on six occasions. No notable spectral degradation was
observed in all spectra; therefore, MIP measurements did not
result in the photodamage of the cyanobacteria. Optical
measurements of photosynthetic bacteria and biofilms can be
performed in a non-destructive manner. Given that bacterial
communities are sensitive to light-induced stress, which may
alter their biological functions, the implementation of a non-
destructive chemical imaging approach would improve the
understanding of the multifaceted roles of bacterial biofilms,
such as their biological functions, formation, and motility.

Conclusion

We demonstrated label-free visualization of photosynthetic
bacterial biofilms by utilizing MIP microscopy. Owing to its
capability of multi-modal autofluorescence and super-resolu-
tion chemical imaging based on IR absorption, the distri-
bution of sulfated exopolysaccharides and cyanobacterial cells
were successfully visualized with the sub-micrometer spatial
resolution, which is far beyond the diffraction limit of IR light.
Additionally, imaging was not inhibited by staining or label-
ling and showed biofilm formation, where cyanobacterial cells
were distributed along acidic/sulfated polysaccharides in the
extracellular environment. Further, we found the area, where
cyanobacterial cells were not associated with sulfated polysac-
charides, which supports hypothesis that sulfated polysacchar-
ides first form the line structures followed by trapping cyano-
bacterial cells with EPSs. Multi-modal optical imaging also
showed that the protein components in the biofilm matrix
may interact with sulphated exopolysaccharides, supporting
the assumptions of previous studies. This study has demon-
strated the capability of MIP microscopy to visualize the distri-
bution of photosynthetic microorganisms and their biofilm
components, surpassing the capabilities of conventional
vibrational imaging methodologies. The high sensitivity with
low incident input power, large field-of-view, and high-speed
imaging demonstrated in this work, highlights the versatile
potential of MIP microscopy in the study of microbiology. Our
present work offers powerful ways to fetch important insights
into chemical heterogeneities/homogeneities of microbial bio-
films. These tools can be used to better understand the funda-
mentals of microbial communities, biofilm formation, and
biosynthetic processes, which would accelerate the use of
microorganisms and their EPSs for biotechnological and
environmental applications.
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Fig. 4 MIP and autofluorescence imaging of biofilms: (a) overlaid image of the MIP signal intensity at 1250 cm−1 (red) and the autofluorescence
intensity (green). The total imaging time of MIP imaging was less than 20 minutes. (b) A bright-field image of the corresponding area of the biofilm
superimposed on the multi-modal optical imaging results (bright-field, MIP, and autofluorescence images). (c) The intensity line-profile of the MIP
signal at 1250 cm−1 along the white dotted line in (a) with the Gaussian-fitted profile (blue line).
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